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Different monounsaturated fatty acid (MUFA) species have distinct pathophysiological activities. cis-
Palmitoleic acid (16:1n-7) was previously reported to improve insulin sensitivity in animal studies. The 
proportions of hepatic MUFAs are generally considered to reflect changes in the activities of fatty acid modi-
fications (∆9 desaturation and fatty acid elongation). However, hepatic levels of 16:1n-7 are markedly lower 
than those of oleic acid (18:1n-9). Nevertheless, no convincing explanation has yet been provided for the low 
level of 16:1n-7. We hypothesized that fatty acid degradation plays a key role in maintaining a low 16:1n-7 
proportion in the liver. In order to corroborate the link between β-oxidation and the proportion of 16:1n-7, 
rats were fed a control diet, fed a fat-free diet to up-regulate fatty acid modifications, but not β-oxidation, or 
treated with clofibric acid to up-regulate fatty acid modifications and β-oxidation. The nutritional manipu-
lation markedly increased the proportions of 16:1n-7, 18:1n-9, and cis-vaccenic acid (18:1n-7). Although the 
pharmacological manipulation enhanced fatty acid modifications to largely the same extent as the nutritional 
manipulation and markedly elevated the proportion of 18:1n-9, those of 16:1n-7 and 18:1n-7 remained largely 
unchanged. The oxidation rates of 16:1n-7, 18:1n-9, and 18:1n-7 in liver slices were in the following order: 
16:1n-7>18:1n-7≑18:1n-9 in control livers, and were increased by the pharmacological manipulation and de-
creased by the nutritional manipulation. These results strongly suggest that β-oxidation, in concert with fatty 
acid modifications, plays a key role in regulating the MUFA profile and is crucially involved in maintaining 
low 16:1n-7 levels in the liver.
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As components of complex lipids such as glycerolipids and 
cholesteryl esters (CE), fatty acids are fundamental constitu-
ents of membranes, energy stores, and mediators or signals 
that regulate cellular functions. In recent studies, attempts 
have been made to differentiate among particular fatty acid 
molecules according to their propensity to affect biological 
and physiological processes, such that specific fatty acid spe-
cies are presently recognized to have distinct roles in cellular 
processes and influence a number of molecular pathways in 
tissues and organs.1–3) Among fatty acid species, monounsatu-
rated fatty acids (MUFAs) are fatty acids that are of particular 
interest in terms of their biological and pathophysiological 
significance. As features common to MUFAs, the relative 
abundance of MUFAs to saturated fatty acids in cells mark-
edly affects cellular physiology, such as membrane fluidity, 
cell proliferation, lipid-mediated cytotoxicity, the pathogenesis 
of cancer, programmed cell death, and the unfolded protein 
response.1–5) The main MUFAs that reside in the tissues and 
organs of humans and rodents are oleic (18:1n-9), cis-palmi-
toleic (16:1n-7), and cis-vaccenic acids (18:1n-7). A growing 
body of evidence suggests that three MUFAs: 16:1n-7, 18:1n-7, 
and 18:1n-9, differ in terms of their biological significance. 
Regarding 16:1n-7, extensive studies over recent years have 
revealed the unique features of 16:1n-7 in terms of biological 
functions and health properties.6) Cao et al. demonstrated that 
circulating 16:1n-7 levels positively correlated with insulin 
sensitivity in animal models.7) Subsequent studies performed 
on cultured cells, animals, and humans have suggested that 

16:1n-7 enhances whole-body glucose disposal, suppresses 
hepatic steatosis, reduces stearoyl-CoA desaturase (SCD) 1, 
and modulates the metabolism of triacylglycerols (TAG) and 
glucose in white adipose tissue.6–9) These findings generated 
expectations on the physiological significance of 16:1n-7 for 
metabolic homeostasis in humans. However, several lines of 
evidence from studies performed on human subjects have sug-
gested contradictory outcomes; namely, circulating levels of 
16:1n-7 are not necessarily beneficial for human health.10–12) 
As for 18:1n-7, a recent study suggested a role for 18:1n-7 in 
the development of chronic kidney disease.13) Another study 
indicated an inverse association between 18:1n-7 in red blood 
cells and the risk of myocardial infarction.12) Recent findings 
obtained using cultured cells and animals have further dem-
onstrated the suppression of lipogenesis by 18:1n-7 and identi-
fied a link between 18:1n-7 synthesis and gluconeogenesis.14) 
18:1n-9 produced in the liver has been suggested to regulate 
adipose tissue lipogenesis and fatty acid oxidation.15) Thus, 
irrespective of whether their effects are beneficial or detrimen-
tal to human health, 16:1n-7, 18:1n-7, and 18:1n-9 appear to be 
fatty acid species that are biologically active.

Fatty acid profiles in the tissues and organs of animals 
are considered to mainly reflect dietary fatty acid intake, the 
endogenous conversion of ingested fatty acids by fatty acid 
modifications (desaturation and elongation), and the de novo 
synthesis of fatty acids. 18:1n-9 is the most abundant MUFA 
in dietary oils, and is, thus, readily available; however, 16:1n-7 
and 18:1n-7 levels are low in common dietary oils. Since it is 
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conceivable that the liver is the principal site for the synthesis 
of these three MUFAs, and also that the liver widely distrib-
utes MUFAs to extra-hepatic tissues through the circulation, it 
is important to understand how MUFA proportions are regu-
lated in the liver. Regarding the de novo synthesis of MUFAs 
in the liver, palmitic acid (16 : 0) is generated de novo by the 
action of fatty acid synthase (FAS). 16 : 0 then enters the fatty 
acid modification process after being activated to palmitoyl-
CoA, a process that involves ∆9 desaturation, which mediates 
the addition of a cis double bond to saturated fatty acids, and 
fatty acid elongation, which adds a C2 unit to produce chain-
elongated fatty acids. Palmitoyl-CoA is initially elongated 
by palmitoyl-CoA chain elongation (PCE) to stearoyl-CoA, 
which is subsequently desaturated by ∆9 desaturation to yield 
oleoyl-CoA. Palmitoyl-CoA is initially desaturated by ∆9 
desaturation to produce cis-palmitoleoyl-CoA, after which 
the cis-palmitoleoyl-CoA chain elongation (POCE) ensues, 
resulting in the formation of cis-vaccenoyl-CoA. Therefore, 
the MUFA profile in the liver may be regulated by ∆9 desatu-
ration and fatty acid chain elongation.16,17) Moreover, previ-
ous studies have demonstrated that ∆9 desaturase, which is 
known to be SCD, catalyzes the desaturation of stearoyl-CoA 
and palmitoyl-CoA at largely the same rate in the livers of 
rats.18–20) Collectively, these findings imply that the abundance 
of 16:1n-7 plus 18:1n-7 is similar to that of 18:1n-9 in the liver. 
Nevertheless, the proportions of MUFAs, in particular 16:1n-7, 
are known to markedly fluctuate in the liver in response to 
changes in pathophysiological and nutritional conditions.17,21,22) 
However, difficulties are associated with explaining these al-
terations based on changes in the activities of desaturation and 
elongation alone. Our previous studies clearly showed that the 
treatment of rats with 2-(4-chlorophenoxy)-2-methylpropionic 
acid (clofibric acid) induced SCD and increased the hepatic 
content and proportion of 18:1n-9, whereas those of 16:1n-7 
and 18:1n-7 were markedly lower.23) This apparent discordance 
between previous studies18–20) and our findings23) strongly sug-
gests the existence of additional player(s) in the regulation of 
the MUFA profile in the liver, a factor that is indispensable for 
elucidating the low proportion of 16:1n-7 in the livers of rats. 
In an attempt to resolve this issue, on the basis of the concept 
that the abundance of an endogenous product results from an 
appropriate balance between its formation and degradation, we 
speculated that fatty acid oxidation is positively related to the 
regulation of the characteristic profile of MUFAs in the liver. 
However, research focusing on the link between the MUFA 
profile and fatty acid oxidation in the liver is limited.24)

Therefore, we hypothesized that fatty acid oxidation may be 
involved in regulating the proportion of MUFA, particularly 
16:1n-7, in the liver. In order to test this hypothesis, rats were 
fed a control diet, fed a fat-free diet to up-regulate fatty acid 
modifications (SCD, PCE, and POCE), but not β-oxidation, 
or treated with clofibric acid to up-regulate both fatty acid 
modifications and β-oxidation. We estimated the relationships 
between the activities of fatty acid modifications, the activi-
ties of β-oxidation, and the proportions of 16:1n-7, 18:1n-7, and 
18:1n-9 in the lipid classes in the liver. The results obtained 
strongly suggest that β-oxidation, in concert with desaturation 
and fatty acid elongation, plays a key role in maintaining low 
16:1n-7 levels in the liver.

MATERIALS AND METHODS

Materials  The following materials were obtained from 
the indicated commercial sources: an anti-adipose triglyceride 
lipase (ATGL) mouse monoclonal antibody (mAb) (sc 365278) 
and goat anti rabbit immunoglobulin G (IgG) horseradish per-
oxidase-conjugated secondary antibody (Ab) (sc 2004) (Santa 
Cruz Biotechnology Inc., Dallas, TX, U.S.A.); an anti-acetyl-
CoA carboxylase (ACC) rabbit mAb (ab 45174), anti-carnitine 
palmitoyltransferase 1a (CPT1a) mouse mAb (ab 128568), anti-
FAS rabbit mAb (ERP 7465), and anti-β-actin mouse mAb 
(ab 6276) (Abcam, Cambridge, U.K.); and a horse anti-mouse 
IgG horseradish peroxidase-conjugated secondary Ab (#7076) 
(Cell Signaling Technology, Danvers, MA, U.S.A.). cis-Vac-
cenoyl-CoA was prepared according to the method reported 
previously25) using cis-vaccenoyl chloride (Nu-Chek Prep Inc., 
Elysian, MN, U.S.A.) and CoA (Oriental Yeast Co., Tokyo, 
Japan). [1-14C]18:1n-7 was prepared by the method reported 
previously.26) In brief, in order to prepare [1-14C]18:1n-7 ([1-
14C] (11Z)-octadec-11-enoic acid), (10Z)-heptadec-10-en-1-ol 
(Funakoshi Co., Ltd., Tokyo, Japan) was converted to the cor-
responding iodide ((7Z)-17-iodoheptadec-7-ene) via a mesylate. 
The iodide was then extended with K14CN (American Radiola-
beled Chemicals, Inc., St. Louis, MO, U.S.A.), and hydrolysis 
of the resulting nitrile yielded the desired [1-14C]18:1n-7.

Animals and Experimental Design  All animal proce-
dures were approved by Josai University’s Institutional Ani-
mal Care Committee in accordance with the Guidelines for 
the Proper Conduct of Animal Experiments (Science Council 
of Japan). Five-week-old male Wistar rats were obtained from 
SLC (Hamamatsu, Japan). Animals were fed a standard diet 
(CE-2; Clea Japan Inc., Tokyo, Japan) ad libitum and allowed 
free access to water. After acclimatization for 1 week, rats 
were divided into three groups. Group 1 was fed a standard 
diet (CE-2) for 28 d. The fatty acid composition (by mol%) of 
the standard diet (CE-2) was as follows: 16 : 0, 23.2%; 16:1n-7, 
2.0%; 18 : 0, 2.4%; 18:1n-9, 19.7%; 18:1n-7, 2.2%; linoleic acid 
(18:2n-6), 42.1%; α-linolenic acid (18:3n-3), 3.6%; arachi-
donic acid (20:4n-6), 0.2%; 5,8,11,14,17-eicosapentaenoic acid 
(20:5n-3), 2.9%; 7,10,13,16,19-docosapentaenoic acid (22:5n-3), 
0.3%; and 4,7,10,13,16,19-docosahexaenoic acid (22:6n-3), 
1.3%. Group 2 was fed a fat-free diet for 28 d. The fat-free diet 
(fat-deprived AIN93G) was purchased from Oriental Yeast 
Co. and contained (by weight): 46.75% corn starch, 13.2% 
α-starch, 10% sucrose, 5% cellulose, 20% casein, 1% vitamin 
mix (AIN93), 3.5% mineral mix (AIN93G), 0.30% L-cysteine, 
and 0.25% choline bitartrate. Group 3 was fed a diet (CE-2) 
admixed with 0.5% (w/w) clofibric acid (Sigma-Aldrich Inc., 
St. Louis, MO, U.S.A.) for 7 d before being sacrificed. At the 
age of 10 weeks, rats were sacrificed in the fed state. Rats 
were anesthetized with diethyl ether, and blood was with-
drawn from the inferior vena cava. The liver was rapidly 
removed, washed with ice-cold saline, and weighed. One part 
of the liver was frozen in liquid nitrogen and stored at –80°C 
until the analysis of mRNA. The rest of the liver was used for 
lipid analyses, the preparation of homogenates, microsomes, 
the cytosol, and the cytoplasmic fraction, and the preparation 
of liver slices. The parts of the liver that were used to prepare 
homogenates, microsomes, and the cytosol were perfused with 
ice-cold saline. Protein concentrations in these preparations 
were measured by the method of Lowry et al.27) using bovine 
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serum albumin (BSA) (Sigma-Aldrich) as a standard.
Lipid Analysis  After the addition of known amounts of 

cholesteryl heptadecanoate and triheptadecanoin as internal 
standards, total lipids were extracted from a piece of the liver 
using the method of Bligh and Dyer.28) After the addition of 
a known amount of nonadecanoic acid as an internal stan-
dard, one portion of the extracted lipids was saponified with 
10% methanolic KOH at 80°C for 60 min under a nitrogen 
atmosphere. After the removal of unsaponifiable matter with 
n-hexane three times, samples were acidified with 6 M HCl 
and unesterified fatty acids were extracted with n-hexane 
three times. Another portion of the total lipid extract was used 
to elucidate the acyl composition of lipid classes. CE, TAG, 
diacylglycerols (DAG), and phospholipids were separated by 
TLC on silica gel G plates, which were developed with n-
hexane–diethyl ether–acetic acid (80 : 30 : 1, v/v/v). After visu-
alization by spraying 0.001% (w/v) primuline in 80% acetone, 
the regions on each plate that corresponded to specific classes 
of lipids were scraped off and transferred to tubes. Known 
amounts of methyl heptadecanoate were added to the tubes 
containing phospholipids or DAG as an internal standard. Lip-
ids were extracted from silica gel as described previously.29) 
Methyl esters of fatty acids were prepared from each extract 
using sodium methoxide/methanol for TAG and phospholipids, 
and HCl/methanol for DAG. CE, which was extracted from 
silica gel, was saponified once, and the fatty acids released 
were then extracted separately from cholesterol and converted 
into methyl esters using HCl/methanol. The composition of 
fatty acid methyl esters was measured by GLC (Shimadzu 
GC-2014; Shimadzu, Kyoto, Japan), equipped with a flame-
ionization detector using a fused silica capillary column 
(SLB-IL100, 30 m×0.32 mm internal diameter, film thickness 
0.26 µm) (Sigma-Aldrich) with helium gas as a carrier gas, as 
described previously.30)

Quantitative Real-Time PCR  Total RNA was isolated 
from liver tissues using the QIAzol reagent and RNeasy kit 
(QIAGEN, Hilden, Germany). cDNA was synthesized from 
500 ng of total RNA with avian myeloblastosis virus reverse 
transcriptase (TaKaRa Bio Inc., Shiga, Japan). PCR amplifica-
tion was conducted using SYBR Premix EX Taq (TaKaRa). 
Amplification and detection were performed with the Step 
One Plus real-time PCR system (Life Technologies Corp., 
Carlsbad, CA, U.S.A.). The thermal cycling program was as 
follows: 10-s denaturation steps at 95°C, followed by 50 cycles 
of 5-s denaturation steps at 95°C, and 34-s annealing steps 
at 60°C. After the reaction, dissociation curve analyses were 
performed in order to confirm the amplification of a single 
PCR product. Changes in gene expression were calculated by 
using the comparative threshold cycle (Ct) method. Ct values 
were first normalized by subtracting the Ct value obtained 
from β-actin (control). The sequences of primers used in this 
study are listed in Supplementary Table 1.

Western Blot Analysis  Tissue lysates were prepared 
as described previously.31) In brief, one portion of the liver 
was homogenized in lysis buffer (25 mM Tris–HCl [pH 
7.6], 150 mM NaCl, 1% NP40, 1% sodium deoxycholate, 
and 0.1% sodium dodecyl sulfate (SDS) supplemented with 
protein inhibitors [aprotinin at 2 µg/mL, bestatin at 13.8 µg/
mL, leupeptin at 10 µg/mL, pepstatin at 5 µg/mL, and 
4-(2-aminoethyl)-benzenesulfonyl fluoride hydrochloride at 
250 µg/mL]) using a Polytrone homogenizer (Kinematica, 

Luzern, Switzerland) at 4°C, incubated on ice for 30 min, and 
centrifuged at 10000×g for 10 min. The supernatants were 
recentrifuged at 10000×g for 10 min, and the resulting super-
natants were collected in order to measure protein concentra-
tions using the BCA protein assay reagent (Thermo Fisher 
Scientific, Waltham, MA, U.S.A.). A Western blot analysis of 
FAS, ACC, ATGL, and CPT1a was performed using the tis-
sue lysate as described previously.31,32) Proteins (15 µg each) 
were separated by SDS-polyacrylamide gel electrophoresis 
on 10% (ATGL and CPT1a) or 7.5% (ACC and FAS) gels. 
Proteins were transferred to polyvinylidene difluoride mem-
branes, incubated with the primary Ab at room temperature 
for 1 h (FAS (1 : 1000), ACC (1 : 2000), CPT1a (1 : 1000), and 
β-actin (1 : 5000)) or 2 h (ATGL (1 : 600)) after the incubation 
at 4°C overnight with blocking buffer (Tris-buffered saline 
containing 0.1% Tween 20, 5% skim milk, and 1% BSA), and 
this was followed by an incubation with the secondary Ab at 
room temperature for 1 h (FAS, ACC, CPT1a, and β-actin) or 
2 h (ATGL). They were then visualized using the ECL Prime 
Western blotting Detection Reagent (GE Healthcare Japan, 
Tokyo, Japan), and quantitation of the amounts of the proteins 
was performed using a luminoimage analyzer (ChemiDoc™ 
XRS Plus; Bio-Rad Laboratories, Hercules, CA, U.S.A.) and 
normalized by loaded β-actin.

Assays for FAS, SCD, PCE, POCE, and ATGL
Assays for FAS
FAS activities were measured using the hepatic cytosol as 

an enzyme source. One portion of perfused livers was homog-
enized in 1.5 volumes of phosphate-bicarbonate buffer (70 mM 
KHCO3, 85 mM K2HPO4, 9 mM KH2PO4, and 1 mM dithio-
threitol) (pH 8.0) in a Potter glass–Teflon homogenizer. The 
homogenates were centrifuged at 20000×g for 10 min. The 
supernatant obtained was centrifuged at 105000×g for 60 min, 
and the resulting supernatant was stored at –80°C until used. 
All operations were performed at 0–4°C. FAS activity was 
measured spectrophotometrically according to a previously re-
ported method.33) In brief, the assay mixture contained 33 µM 
acetyl-CoA (Sigma-Aldrich), 100 µM malonyl-CoA (Sigma-
Aldrich), 100 µM reduced nicotinamide adenine dinucleotide 
phosphate (NADPH) (Oriental Yeast Co.), 1 mM ethylenedi-
aminetetraacetic acid (EDTA), 1 mM 2-mercaptoethanol, 50 µg 
cytosolic protein, and 100 mM phosphate buffer (pH 7.0) in a 
total volume of 1 mL. The oxidation of NADPH was followed 
at 340 nm at 30°C. The initial slope was used to calculate the 
rate of fatty acid synthesis. A correction was made for the rate 
of NADPH oxidation in the absence of malonyl-CoA.

Assay for SCD, PCE, and POCE
The activities of SCD, PCE, and POCE were measured 

using hepatic microsomes as an enzyme source. Hepatic 
microsomes were prepared by sequential centrifugation as 
previously described.29) SCD activities were measured spec-
trophotometrically as reported previously29) and activity was 
presented as the rate constant (k+) for the stearoyl-CoA-
stimulated re-oxidation of reduced nicotinamide adenine 
dinucleotide (NADH)-reduced cytochrome b5. The activities 
of PCE and POCE were assayed as the rate of conversion 
of palmitoyl-CoA (Sigma-Aldrich) to [14C]18 : 0 and that of 
cis-palmitoleoyl-CoA (Sigma-Aldrich) to [14C]18:1n-7, respec-
tively, by estimating the incorporation of the C2 unit from 
[2-14C] malonyl-CoA (American Radiolabeled Chemicals), ac-
cording to a previously reported method.17,34)
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Assay for ATGL
TAG hydrolase activity was measured as previously 

described35) with some modifications.31) A cytoplasmic frac-
tion was prepared from the liver as reported previously.31) 
Triolein [carboxy-14C] (PerkinElmer, Inc., Waltham, MA, 
U.S.A.) was purified before use by TLC on silica gel G plates, 
which were developed with n-hexane–diethyl ether–acetic 
acid (80 : 30 : 1, v/v/v). A substrate, [14C] triolein (33.3 GBq/mol) 
mixed with phosphatidylcholine–phosphatidylinositol (3 : 1), 
was prepared as described previously.31) Substrate solution 
with the cytoplasmic fraction and buffer (20 mM potassium 
phosphate [pH 7.0], 1 mM EDTA, 1 mM dithioerythritol, and 
0.02% (w/v) defatted BSA) were incubated at 37°C for 60 min. 
The control value, which was obtained from the incubation 
without the cytoplasmic fraction, was subtracted to give net 
TAG hydrolyzed by the cytoplasmic fraction.

In Vitro Mitochondrial and Peroxisomal Fatty Acid 
Oxidation in Liver Homogenates

Mitochondrial Fatty Acid Oxidation
Mitochondrial fatty acid oxidation was measured using 

a previously reported method.36) In this assay, the rates of 
mitochondrial fatty acid oxidation were measured in liver 
homogenates, rather than in purified mitochondrial fractions 
in order to avoid possible damage to the organelles during 
centrifugation. Liver homogenates (5%, w/v) in 0.25 M sucrose 
containing 0.1% ethanol were prepared in a Dounce homoge-
nizer with six strokes each of a loose and tight-fitting plunger. 
Modified Krebs–Henseleit bicarbonate buffer (pH 7.4) con-
taining no calcium, 2.4 mM MgSO4, 4.74 mM NaCl, 118.46 mM 
KCl, 1.2 mM KH2PO4, and 25 mM NaHCO3 was used as an 
incubation buffer. The radio-labeled fatty acids, [1-14C]16:1n-7 
(American Radiolabeled Chemicals), [1-14C]18:1n-9 (American 
Radiolabeled Chemicals), and [1-14C]18:1n-7 (prepared as de-
scribed in Materials and Methods), were purified just before 
use by TLC on silica gel G plates, which were developed 
with n-hexane–diethyl ether–acetic acid (80 : 30 : 1, v/v/v). Two 
milliliters of the mixture contained 0.2 mM sodium [1-14C]-
labeled fatty acid (one each of 16:1n-7, 18:1n-7, and 18:1n-9) 
(specific radioactivity, 27.75 GBq/mol), bound to 7.2 mg/mL 
of defatted BSA (molar ratio of substrate : albumin=1.67); 
4 mM ATP (Oriental Yeast Co.); 0.5 mM L-carnitine (Oriental 
Yeast Co.); 0.05 mM CoA; and 2 mM dithiothreitol. A total of 
0.5 mL of the 5% (w/v) liver homogenate in sucrose/ethanol 
was added to the mixture. Fatty acid oxidation was mea-
sured in the presence and absence of 2 mM KCN, and the 
cyanide-sensitive part of oxidation was taken as mitochondrial 
oxidation. Incubations were performed in scintillation vials 
that initially contained the buffer, [1-14C]-labeled fatty acid, 
and the appropriate components listed above. The vials were 
gassed with O2–CO2 (95 : 5, v/v), capped with rubber stoppers 
from which plastic center-wells were suspended, and shaken 
(90 oscillations/min) at 37°C. The incubation was started with 
the addition of homogenates, and the vials were incubated at 
37°C for 3 min with shaking. The incubation was terminated 
by injecting 1 mL of 0.6 M HClO4 into the vial, and 0.2 mL of 
1 M benzethonium hydroxide in methanol was injected into 
the center well. The incubation vials were shaken at room 
temperature for another 45 min in order to trap radio-labeled 
CO2 in benzethonium hydroxide/methanol. The contents of 
the center well were transferred to a counting vial and mixed 
with scintillation fluid. Radioactivity was measured using a 

liquid scintillation counter. The acidified content of the vial 
was transferred to a tube; after centrifugation (1500×g at 
room temperature for 10 min), the supernatant was transferred 
to a tube and neutralized with 5 M KOH. After the addition of 
0.7 mL of 3 M acetate buffer (pH 4.0), the reaction mixture was 
extracted four times with petroleum ether in order to remove 
traces of the radio-labeled fatty acid. An aliquot of the aque-
ous phase was mixed with scintillation fluid, and radioactivity 
was counted (acid-soluble oxidation products). The value that 
was obtained from the incubation in the presence of KCN 
(corresponding to peroxisomal β-oxidation) was subtracted to 
give the mitochondrial β-oxidation rate. The rate of fatty acid 
oxidation is presented as the sum of acid-soluble oxidation 
products and CO2.

Peroxisomal Fatty Acid Oxidation
In order to assay peroxisomal β-oxidation, one portion 

of the liver was homogenized with 4 volumes of 0.25 M su-
crose–1 mM EDTA–10 mM Tris–HCl (pH 7.4) in a Potter glass-
Teflon homogenizer. Peroxisomal β-oxidation was assayed by 
the method of Lazarow and de Duve.37) Acyl-CoA-dependent 
reduction of oxidized form of nicotinamide adenine dinucleo-
tide (NAD+) was followed spectrophotometrically at 340 nm.

Ex Vivo Fatty Acid Oxidation in Liver Slices   Rats 
were killed and their livers were quickly removed. The left 
lobe was separated, and precision-cut liver slices (8 mm in di-
ameter, with a thickness of 400 µm and weight of 0.18 g) were 
prepared using a Krumdieck tissue slicer (Alabama Research 
Development, Munford, AL, U.S.A.) as reported previously.38) 
The oxidation rates of 16:1n-7, 18:1n-7, and 18:1n-9 were as-
sessed as reported previously.39) Radio-labeled fatty acids 
were purified just before use by TLC on silica gel G plates, 
which were developed with n-hexane–diethyl ether–acetic acid 
(80 : 30 : 1, v/v/v). In brief, two liver slices (0.36 g) were incu-
bated in a glass vial that contained 2 mL of Krebs–Henseleit 
buffer (pH 7.4) comprising 5 mM glucose, 0.25 mM [1-14C]-
labeled fatty acid (one each of 16:1n-7, 18:1n-7, and 18:1n-9) 
(specific radioactivity, 185 GBq/mol), and 0.6% BSA (essen-
tially fatty acid-free) at 37°C for 30 min under an O2–CO2 
atmosphere (95 : 5, v/v) with shaking (90 oscillations/min). The 
vials were capped with rubber stoppers from which plastic 
center-wells were suspended. The incubation was terminated 
by the injection of 1 mL of 0.6 M HClO4 into the vial, and 
0.2 mL of 1 M benzethonium hydroxide in methanol was inject-
ed into the center well. The vials were shaken (60 oscillations/
min) at room temperature for 45 min in order to trap radio-
labeled CO2 into benzethonium hydroxide. The contents of the 
center well were transferred to a counting vial and mixed with 
scintillation fluid, and radioactivity was measured using a liq-
uid scintillation counter. The liver slice was homogenized with 
the incubation mixture that had been acidified with HClO4. 
After being centrifuged at 1500×g for 10 min, the resulting 
supernatant was neutralized with 5 M KOH, and its pH was 
then adjusted to 4 using 0.7 mL of 3 M acetate buffer (pH 4.0); 
the aqueous phase obtained was extracted five times with pe-
troleum ether to remove traces of the [14C]-labeled fatty acid. 
An aliquot of the aqueous phase was mixed with scintillation 
fluid, and radioactivity was evaluated as acid-soluble oxidation 
products using a liquid scintillation counter. The rate of fatty 
acid oxidation is presented as the sum of acid-soluble oxida-
tion products and CO2 per g liver slice.

Statistical Analysis  Data are shown as the mean±standard 
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Fig. 1. mRNA, Activity, and Protein Levels of Enzymes Related to De Novo Fatty Acid Synthesis and MUFA Synthesis in the Liver
Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. (A) mRNAs encoding FAS, ACC1, ACYL, ME1, 

G6PD, and LPK. (B) FAS activity in the hepatic cytosol. (C) FAS protein in the liver; visible bands represent FAS and β-actin as indicated. (D) ACC protein in the liver; 
visible bands represent ACC and β-actin as indicated. Regarding (C) and (D), immunoblotting was performed on liver extracts (15 µg of protein each). (E) mRNA encoding 
SCD1, SCD2, ELOVL5, and ELOVL6. (F) SCD activity in hepatic microsomes. (G) PCE activity in hepatic microsomes. (H) POCE activity in hepatic microsomes. Values 
represent the mean±S.D. (n=5–6). a, b, c Means without a common superscript are significantly different (p<0.05).
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deviation (S.D.). The homogeneity of variance was established 
using a one-way ANOVA. When a difference was significant 
(p<0.05), Scheffé’s multiple range test was used as a post-hoc 
test. Levels of significance were set at p<0.05.

RESULTS

Negligible Difference in the Up-Regulation of Desatu-
rase and Fatty Acid Elongases in the Liver between Fat-
Free Diet-Fed Rats and Clofibric Acid-Treated Rats  In 
order to gain an insight into the molecular basis for changes in 
the MUFA proportion in the livers of fat-free diet-fed rats and 
clofibric acid-treated rats, the mRNA levels of key enzymes 
related to de novo fatty acid synthesis were measured (Fig. 
1A). The levels of mRNAs encoding FAS, ACC1, ATP-citrate 
lyase (ACLY), malic enzyme 1 (ME1), glucose-6-phosphate 
dehydrogenase (G6PD), and L-type pyruvate kinase (LPK) 
were markedly increased in the livers of fat-free diet-fed rats. 
On the other hand, the treatment of rats with clofibric acid 
did not affect the expression of Fas, Acc1, Acly, or G6pd; 
this pharmacological manipulation significantly augmented 
the mRNA level of Me1 and conversely reduced that of Lpk 
(Fig. 1A). Fat-free diet feeding elevated the activity of FAS 
and protein levels of FAS and ACC over those in control 
rats, whereas the clofibric acid treatment did not change these 
variables (Figs. 1B−D). The expression of genes encoding 
the desaturases and elongases responsible for the synthesis of 
MUFAs was estimated (Fig. 1E). The mRNA levels of SCD1 
were higher in both fat-free diet-fed and clofibric acid-treated 
rats than in control rats. Similarly, the mRNA levels of SCD2 
were higher in fat-free diet-fed and clofibric acid-treated rats 
than in control rats. The mRNA levels of fatty acid elongase 
(ELOVL) 6 were markedly higher in fat-free diet-fed and clo-
fibric acid-treated rats than in control rats. Feeding a fat-free 
diet increased the mRNA level of ELOVL5 by 1.75-fold, but 
it was not significantly altered by the treatment with clofi-
bric acid. In order to corroborate the functional significance 

observed in the expression of genes encoding desaturase and 
elongases for the synthesis of MUFAs, the activities of SCD, 
PCE, and POCE in hepatic microsomes were estimated (Figs. 
1F−H). SCD activity was markedly augmented in fat-free diet-
fed and clofibric acid-treated rats; the extent of the increase in 
its activity by the pharmacological manipulation was largely 
the same as that by the nutritional manipulation (Fig. 1F). The 
activities of PCE, which is proceeded by ELOVL6,40) in the 
livers of fat-free diet-fed and clofibric acid-treated rats were 
2.23- and 4.76-fold higher, respectively, than those in control 
rats (Fig. 1G). The activities of POCE, which is proceeded by 
ELOVL5 and ELOVL6,40) were also higher in fat-free diet-fed 
(2.22-fold) and clofibric acid-treated rats (3.04-fold) than in 
control rats (Fig. 1H).

Marked Difference in the Hepatic MUFA Profile be-
tween Fat-Free Diet-Fed Rats and Clofibric Acid-Treated 
Rats  Regarding MUFAs, the proportions (by mol%) of 
16:1n-7, 18:1n-7, and 18:1n-9 in total fatty acids in the livers of 
control rats were 1.84, 4.01, and 10.35%, respectively (Table 
1). The proportions of 16:1n-7, 18:1n-7, and 18:1n-9 within 
MUFAs in the livers of control rats were 11.2, 24.9, and 
63.9%, respectively (Fig. 2A). The proportions of the three 
MUFAs in total fatty acids in the liver were significantly in-
creased by feeding rats a fat-free diet. Increases in the masses 
of 16:1n-7, 18:1n-7, and 18:1n-9 by fat-free diet feeding were 
9.25-fold, 1.88-fold, and 2.90-fold greater, respectively, than 
control levels (Table 1, Fig. 2B); the proportions of 16:1n-7, 
18:1n-7, and 18:1n-9 within MUFAs were 31.6, 14.0, and 
54.4%, respectively (Fig. 2A). In the livers of clofibric acid-
treated rats, the proportion in total fatty acids and mass of 
18:1n-9 were 1.59- and 1.47-fold higher, respectively, than 
those in control rats (Table 1, Fig. 2B). In contrast to fat-free 
diet feeding, the treatment of rats with clofibric acid did not 
significantly change the proportion or mass of 16:1n-7 (Table 
1, Fig. 2B). Moreover, the proportion and mass of 18:1n-7 were 
significantly lower in clofibric acid-treated rats than in control 
rats (Table 1, Fig. 2B). As a result, the proportions of 16:1n-7, 

Table 1. Fatty Acid Profiles of Hepatic Lipids

Fatty acids
Control Fat-free diet Clofibric acid

(mol%)

16 : 0 28.01±3.66a 39.49±2.24b 28.01±1.84a

16:1n-7 1.84±0.62a 12.28±0.82b 1.73±0.34a

18 : 0 16.13±2.16a 9.98±1.61b 17.75±1.08a

18:1n-7 4.01±0.70a 5.38±0.94b 2.14±0.19c

18:1n-9 10.35±1.76a 21.35±3.75b 16.41±1.30c

18:2n-6 21.48±1.31a 2.41±0.56b 10.04±0.54c

18:3n-3 0.40±0.05a 0.00±0.00b 0.07±0.05b

20:3n-9 0.10±0.01a 1.20±0.25b 1.28±0.08b

20:3n-6 0.67±0.16a 0.52±0.19a 2.95±0.22b

20:4n-6 12.68±3.39a 5.54±1.58b 15.63±1.26a

20:5n-3 0.68±0.09a 0.11±0.06b 0.75±0.20a

22:5n-3 0.99±0.24a 0.00±0.00 b 0.50±0.08c

22:6n-3 2.66±0.48a 1.74±0.49b 2.74±0.36a

Total (µmol/g liver) 125.4±15.5a 175.3±11.9b 115.4±8.9a

Total (µmol/liver) 1495 ±188a 2320±331b 2216±117b

Fatty acids are designated by the numbers of carbon atoms and double bonds; palmitic acid, 16 : 0; palmitoleic acid, 16:1n-7; stearic acid, 18 : 0; oleic acid, 18:1n-9; cis-
vaccenic acid, 18:1n-7; linoleic acid, 18:2n-6; α-linolenic acid, 18:3n-3; 5,8,11-eicosatrienoic acid, 20:3n-9; 8,11,14-eicosatrienoic acid, 20:3n-6; arachidonic acid, 20:4n-6; 
5,8,11,14,17-eicosapentaenoic acid, 20:5n-3; 7,10,13,16,19-docosapentaenoic acid, 22:5n-3; 4,7,10,13,16,19-docosahexaenoic acid, 22:6n-3. Rats were fed a standard diet for 
28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. Values represent the mean±S.D. (n=5). Means in the same row without a common 
superscript (a, b, c) are significantly different (p<0.05).
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18:1n-7, and 18:1n-9 within MUFAs in the livers of clofibric 
acid-treated rats were 9.5, 11.9, and 78.6%, respectively (Fig. 
2A).

Preferential Oxidation of 16:1n-9 to 18:1n-7 or 18:1n-9 
in the Liver  Fatty acid oxidation rates were compared 
among 16:1n-7, 18:1n-7, and 18:1n-9 in vitro using liver ho-
mogenates (Tables 2, 3). The rates of mitochondrial oxidation 

in vitro for the three MUFAs in control rats were in the fol-
lowing order: 16:1n-7 >18:1n-7≑18:1n-9 (Table 2); the relative 
rates of oxidation for 16:1n-7, 18:1n-7, and 18:1n-9 were 1, 
0.45, and 0.62, respectively. The clofibric acid treatment mark-
edly increased the mitochondrial oxidation of 16:1n-7, whereas 
fat-free diet feeding did not have a significant influence. 
The clofibric acid treatment also elevated the mitochondrial 
oxidation of 18:1n-7 and 18:1n-9 to largely the same extent as 
that observed with 16:1n-7, whereas fat-free diet feeding did 
not significantly change the oxidation rate of either 18:1n-7 
or 18:1n-9. The relative rates of mitochondrial oxidation for 
16:1n-7, 18:1n-7, and 18:1n-9 in the homogenates of fat-free 
diet-fed and clofibric acid-treated rats were largely the same 
as those of control rats. The treatment of rats with clofibric 
acid markedly increased the levels of mRNA and protein for 
CPT1a (Figs. 3A, B); this pharmacological manipulation also 
up-regulated the expression of genes encoding medium-chain 
acyl-CoA dehydrogenase (MCAD), long-chain acyl-CoA dehy-
drogenase (LCAD), very long-chain acyl-CoA dehydrogenase 
(VLCAD), lipin 1, and peroxisome proliferator-activated re-
ceptor gamma coactivator 1α (PGC1α) (Fig. 3A). Fat-free diet 
feeding did not change the protein levels of CPT1a (Fig. 3B), 
despite the mRNA level of CPT1a being increased (Fig. 3A); 
this dietary manipulation did not change the expression of 
genes encoding other enzymes related to mitochondrial oxida-
tion (Fig. 3A). Regarding peroxisomal β-oxidation, the clofi-
bric acid treatment markedly up-regulated the mRNA level of 
peroxisomal acyl-CoA oxidase 1 (ACOX1), whereas fat-free 
diet feeding did not (Supplementary Fig. 1). Since limited 

Fig. 2. Changes in Proportions within MUFAs and Contents of 16:1n-7, 
18:1n-7, and 18:1n-9 in Hepatic Lipids by Fat-Free Diet Feeding and the 
Clofibric Acid Treatment

Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed 
with clofibric acid at 0.5% (w/w) for 7 d before being killed. (A) Proportions (mol%) 
within MUFAs (proportions of 16:1n-7, 18:1n-7, and 18:1n-9 in the sum of these 
three fatty acids); cumulative chart bars were calculated on the basis of data in 
Table 1. (B) Contents (µmol/g liver) of 16:1n-7, 18:1n-7, and 18:1n-9; cumulative 
chart bars were calculated on the basis of data in Table 1.

Table 2.   Mitochondrial β-Oxidation in Vitro of MUFAs in Liver Homogenates

Fatty acids
Control Fat-free diet Clofibric acid

(nmol/min/g liver)

16:1n-7 301±62ax 249±37ax 831±36bx

(100.0±20.6) (82.7±12.3) (276.1±12.0)
18:1n-7 135±29ay 132±24ay 348±58by

(100.0±21.5) (97.8±17.8) (257.8±43.0)
18:1n-9 187±35ay 164±12ay 439±8bz

(100.0±18.7) (87.7±6.4) (234.8±4.3)

Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. The mitochondrial oxidation of 16:1n-7, 18:1n-7, 
and 18:1n-9 in liver homogenates was estimated in vitro. Liver homogenates were incubated with [14C]16:1n-7, [14C]18:1n-7, or [14C]18:1n-9 in the presence and absence of 
KCN; [14C]-labeled acid-soluble products were extracted and the 14CO2 produced was trapped; the cyanide-sensitive part of oxidation was taken as mitochondrial oxidation. The 
rate of fatty acid oxidation is presented as the sum of acid-soluble oxidation products and CO2. Values in parentheses represent a percentage of the control. Values represent the 
mean±S.D. (n=4). Means in the same row without a common superscript (a, b) are significantly different (p<0.05). Means in the same column without a common superscript 
(x, y, z) are significantly different (p<0.05).

Table 3. Peroxisomal β-Oxidation in Vitro of MUFAs in Liver Homogenates

Fatty acids
Control Fat-free diet Clofibric acid

(nmol/min/mg protein)

16:1n-7 5.89±0.46ax 4.25±0.52ax 96.63±8.66bx

(100.0±7.8) (72.2±8.8) (1640.6±147.0)
18:1n-7 3.86±0.37ay 2.55±0.04by 54.91±0.83cy

(100.0±9.6) (66.1±1.0) (1422.5± 21.5)
18:1n-9 3.75±0.10ay 2.61±0.01ay 55.41±1.51by

(100.0±2.7) (69.4±0.3) (1477.6±40.3)

Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. The peroxisomal oxidation of cis-palmitoleoyl-
CoA, cis-vaccenoyl-CoA, and oleoyl-CoA in liver homogenates was estimated in vitro as the NAD+ reduction rate. Values in parentheses represent a percentage of the control. 
Values represent the mean±S.D. (n=4). Means in the same row without a common superscript (a, b, c) are significantly different (p<0.05). Means in the same column without 
a common superscript (x, y) are significantly different (p<0.05).
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information is available on the substrate specificity of peroxi-
somal β-oxidation for cis-palmitoleoyl-CoA, cis-vaccenoyl-
CoA, and oleoyl-CoA, peroxisomal β-oxidation rates for the 
three types of acyl-CoA were compared (Table 3). In the livers 
of control rats, activities were in the following order: cis-
palmitoleoyl-CoA˃˃cis-vaccenoyl-CoA=oleoyl-CoA; relative 
activities for cis-palmitoleoyl-CoA, cis-vaccenoyl-CoA, and 
oleoyl-CoA were 1, 0.66, and 0.64, respectively. Relative ac-
tivities in the livers of fat-free diet-fed and clofibric acid-treat-
ed rats were almost the same as those in the livers of control 
rats, although activities per se were markedly higher in clofi-
bric acid-treated rats than in control rats. These results, which 
were obtained from an in vitro study, evidently indicate that 
16:1n-7 is degraded markedly faster than 18:1n-7 or 18:1n-9.

In order to confirm the results obtained from the in vitro 
study utilizing liver homogenates, an ex vivo experiment using 
liver slices was performed (Table 4). The rates of oxidation 
for the three MUFAs in the livers of control rats were in the 
following order: 16:1n-7>18:1n-7≑18:1n-9; the relative rates for 
16:1n-7, 18:1n-7, and 18:1n-9 were 1, 0.46, and 0.50, respec-
tively. These rates were very similar to the results obtained in 
vitro from the liver homogenates of control rats. The rates of 
16:1n-7 oxidation ex vivo in the liver slices of fat-free diet-fed 
and clofibric acid-treated rats were both approximately two-
fold greater than those of 18:1n-7 and 18:1n-9, similar to those 

in control rats. Upon feeding a fat-free diet, the oxidation 
rates of 16:1n-7, 18:1n-7, and 18:1n-9 in liver slices were sig-
nificantly lower than those in control rats. On the other hand, 
the oxidation rates of 16:1n-7 and 18:1n-7 in liver slices were 
significantly enhanced by the treatment of rats with clofibric 
acid. As a result, the rates of oxidation of 16:1n-7, 18:1n-7, and 
18:1n-9 in liver slices were 4.54-, 4.57-, and 5.94-fold greater, 
respectively, in clofibric acid-treated rats than in fat-free diet-
fed rats.

Other Factors Potentially Affecting the Selective Oxida-
tion of MUFAs  The distribution of the three MUFAs among 
the lipid classes in the liver was investigated (Supplemen-
tary Table 2 and Fig. 4). In the livers of control rats, most of 
16:1n-7 was distributed in TAG (64.3%, 0.98 µmol/g liver) and 
phospholipids (28.2%, 0.43 µmol/g liver); similarly, 18:1n-9 
was mainly localized in TAG (70.9%, 7.44 µmol/g liver) and 
phospholipids (23.0%, 2.42 µmol/g liver). In contrast to 16:1n-7 
and 18:1n-9, 18:1n-7 was predominantly distributed in phos-
pholipids (66.0%, 2.95 µmol/g liver) while a smaller portion 
resided in TAG (30.5%, 1.36 µmol/g liver). Upon feeding rats 
a fat-free diet, the hepatic contents of the three MUFAs were 
markedly increased (Fig. 2B). 16:1n-7 was predominantly 
present in TAG (78.2%, 14.23 µmol/g liver) and phospholip-
ids (16.4%, 2.99 µmol/g liver), and similarly, 18:1n-9 mainly 
resided in TAG (80.7%, 27.64 µmol/g liver) and phospholipids 

Fig. 3. Expression of Genes Encoding Enzymes Related to Mitochondrial β-Oxidation and of the CPT1a Protein
Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. (A) mRNA encoding CPT1a, MCAD, LCAD, 

VLCAD, lipin1, and PGC1α. (B) CPT1a protein; visible bands represent CPT1a and β-actin as indicated. Immunoblotting was carried out on liver extracts (15 µg of protein 
each). Values represent the mean±S.D. (n=6–10). a, b, c Means without a common superscript are significantly different (p<0.05). In the absence of a superscript, the means 
are not significantly different (p>0.05).

Table 4. Oxidation Ex Vivo of MUFAs in Liver Slices

Fatty acids
Control Fat-free diet Clofibric acid

(×105 dpm/30 min/g liver)

16:1n-7 1.63±0.20ax 0.48±0.12bx 2.18±0.33cx

(100.0±12.3) (29.4±7.4) (133.8±20.2)
18:1n-7 0.75±0.10ay 0.28±0.04by 1.28±0.19cy

(100.0±13.3) (37.3±5.3) (170.7±25.3)
18:1n-9 0.81±0.17ay 0.17±0.07by 1.01±0.02ay

(100.0±21.0) (21.0±8.6) (124.7±2.5)

Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. Liver slices were incubated with [14C]16:1n-7, 
[14C]18:1n-7, or [14C]18:1n-9. [14C]-Labeled acid-soluble products were extracted and the 14CO2 produced was trapped. The rate of fatty acid oxidation is presented as the sum 
of acid-soluble oxidation products and CO2. Values in parentheses represent a percentage of the control. Values represent the mean±S.D. (n=4–6). Means in the same row 
without a common superscript (a, b, c) are significantly different (p<0.05). Means in the same column without a common superscript (x, y) are significantly different (p<0.05).



Vol. 39, No. 12 (2016)� 2003Biol. Pharm. Bull.

Fig. 4. Distribution of 16:1n-7, 18:1n-7, and 18:1n-9 among Phospholipids, TAG, DAG, and CE in the Liver
Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. (A) Contents of the three MUFAs in phospho-

lipids, TAG, DAG, and CE. (B) Proportions (mol%) among phospholipids, TAG, DAG, and CE. Cumulative bar charts were calculated on the basis of data in Supplemen-
tary Table 2.

Fig. 5. Expression of Genes Encoding Enzymes Related to the Channeling of Fatty Acids towards Glycerolipid Synthesis Pathways and That of 
ATGL in the Liver

Rats were fed a standard diet for 28 d, a fat-free diet for 28 d, or a diet admixed with clofibric acid at 0.5% (w/w) for 7 d. (A) mRNA encoding of ACSL1, ACSL3, 
ACSL5, GPAT1, GPAT3, DGAT1, DGAT2, and ATGL. (B) ATGL protein; visible bands represent ATGL and β-actin as indicated. Immunoblotting was carried out on liver 
extracts (15 µg of protein each). (C) ATGL activities were estimated as [14C]triolein hydrolysis in the cytoplasmic fraction of the liver. Values represent the mean±S.D. 
(n=5–6). a,,b Means without a common superscript are significantly different (p<0.05).
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(14.3%, 4.89 µmol/g liver) in the livers of fat-free diet-fed 
rats (Supplementary Table 2, Fig. 4). The treatment of rats 
with clofibric acid markedly increased the hepatic content of 
18:1n-9, whereas the contents of 16:1n-7 and 18:1n-7 in the liv-
ers of clofibric acid-treated rats were markedly less than that 
of 18:1n-9 (Fig. 2B). The clofibric acid treatment markedly in-
creased the abundance of 18:1n-9 distributed in phospholipids 
(76.7%, 12.84 µmol/g liver), whereas that of 18:1n-9 residing in 
TAG was reduced (20.5%, 3.43 µmol/g liver) (Supplementary 
Table 2, Fig. 4).

It may be important to investigate whether a difference ex-
ists in the channeling of fatty acids toward the pathways of 
glycerolipid synthesis among the three experimental groups 
of animals because this process is considered to be associated 
with fatty acid degradation.41–45) Among the enzymes that 
participate in the channeling of fatty acids in the liver, fat-free 
diet feeding increased the mRNA levels of long-chain acyl-
CoA synthetase (ACSL) 5, glycerol-3-phosphate acyltransfer-
ase (GPAT) 1, and diglyceride acyltransferase (DGAT) 2; the 
clofibric acid treatment up-regulated the expression of genes 
for ACSL1, ACSL3, GPAT3, and DGAT1 (Fig. 5A). As for 
ATGL, the treatment with clofibric acid significantly elevated 
its mRNA (4.63-fold), protein (1.64-fold), and activity (1.45-
fold) levels in the liver, whereas the fat-free diet did not (Figs. 
5A–C).

DISCUSSION

Fatty acid modifications, in particular desaturation, are 
generally considered to play a predominant role in the regula-
tion of the MUFA profile in the liver.16) Early studies utilizing 
whole microsomes or purified SCD from rat livers showed that 
SCD exhibited specificity for palmitoyl-CoA ranging between 
46 and 86% that for stearoyl-CoA.18–20) Nevertheless, the pro-
portion of 16:1n-7 in the liver is markedly lower than that of 
18:1n-9. To the best of our knowledge, no convincing expla-
nation has yet been provided for the low level of 16:1n-7 in 
the liver. These findings led us to hypothesize that fatty acid 
β-oxidation, in addition to fatty acid modifications (desatura-
tion and elongation), plays a key role in regulating the MUFA 
profile, particularly the proportion of 16:1n-7, in the liver. The 
present study demonstrated that the rate of 16:1n-7 oxida-
tion in the liver was markedly greater than those of 18:1n-9 
and 18:1n-7, which was attributed not only to mitochondrial 
β-oxidation, but also peroxisomal β-oxidation degrading 
16:1n-7 significantly faster than 18:1n-9 or 18:1n-7. These re-
sults strongly suggest that fatty acid oxidation maintains low 
hepatic levels of 16:1n-7 (Fig. 6A).

In an attempt to obtain a clearer understanding of the di-
rect link between fatty acid β-oxidation and the proportion 
of 16:1n-7, the experimental approach that we applied was 
based on the use of two different types of manipulations of 
animals: fat-free diet feeding and a clofibric acid treatment. 
SCD, PCE, and POCE were markedly induced in the liver 
by these nutritional and pharmacological manipulations, and 
the increases observed in the activities of these enzymes in 
fat-free diet-fed rats were similar to those in clofibric acid-
treated rats. Therefore, this study design made it possible to 
investigate the role of fatty acid β-oxidation in the regulation 
of the MUFA profile by eliminating the influence of desatura-
tion and elongation. Ingested fatty acids may affect the fatty 

acid proportion in the liver because the completely balanced 
chow diet, on which control rats were fed, contained 18:1n-9 
at a proportion of 19.7%; on the other hand, the proportions 
of 16:1n-7 and 18:1n-7 in the chow diet were 2.0 and 2.2%, 

Fig. 6. Proposed Model for the Metabolic Regulation of the MUFA 
Profile in the Liver

(A) In the livers of control rats, the proportion of 16:1n-7 was maintained at low 
levels due to 1) the higher rate of oxidation of 16:1n-7 than those of 18:1n-9 and 
18:1n-7 and 2) the conversion of 16:1n-7 to 18:1n-7 by elongation. (B) Upon the 
feeding of a fat-free diet to rats, the formation of 16:1n-9, 18:1n-7, and 18:1n-9 is 
increased by 1) up-regulated FAS, SCD, PCE, and POCE and 2) the unchanged 
or suppressed oxidation of 16:1n-9, 18:1n-7, and 18:1n-9. (C) The treatment of rats 
with clofibric acid increases the proportion and mass of 18:1n-9 by up-regulated 
PCE and SCD; 16:1n-7 also appears to be generated by the induced SCD, whereas 
enhanced fatty acid oxidation degrades 16:1n-7 more extensively than 18:1n-9. The 
process of the incorporation of 16:1n-7, 18:1n-7, and 18:1n-9 into complex lipids, in 
particular TAG, may also influence the MUFA profile in the liver.
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respectively. Therefore, the higher proportion of 18:1n-9 in 
the livers of control rats may reflect the higher proportion of 
18:1n-9 in the diet. In order to exclude the influence of ingest-
ed MUFAs on the hepatic MUFA profile, the present study 
employed nutritional manipulation, namely, fat-free diet feed-
ing. In the livers of these rats, essentially all saturated fatty 
acids and MUFAs are expected to be synthesized de novo 
from carbohydrates through the concerted actions of induced 
FAS, SCD, and elongases; moreover, fatty acid β-oxidation 
may not be enhanced. Upon feeding of the fat-free diet, the 
expression of genes responsible for enzymes related to the 
de novo synthesis of MUFAs (Fas, Acc1, Me1, Acly, G6pd, 
Lpk, Scd1, Scd2, Elovl5, Elovl6, Acsl5) was markedly up-
regulated, whereas the activity of fatty acid β-oxidation was 
not. The up-regulation of ACSL5 may facilitate the formation 
of palmitoyl-CoA from 16 : 0, which is increasingly generated 
de novo by the FAS induced, and the palmitoyl-CoA produced 
is subsequently converted to 16:1n-7, 18:1n-7, and 18:1n-9 by 
the SCD, PCE, and POCE induced by fat-free diet feeding. 
Consistent with the up-regulation of these fatty acid modifica-
tion processes, the proportions and masses of 16:1n-7, 18:1n-7, 
and 18:1n-9 were confirmed to be markedly increased in the 
liver. The accumulation of these three MUFAs in the liver 
may also be explained by the β-oxidation rates of MUFAs not 
being elevated in the liver homogenates, but being reduced 
in liver slices by fat-free diet feeding (Fig. 6B). Furthermore, 
the present study employed a clofibric acid treatment as an-
other manipulation of animals. In contrast to the nutritional 
manipulation, not only SCD and elongases, but also fatty 
acid β-oxidation are expected to be up-regulated in the liv-
ers of clofibric acid-treated rats.34,36,37,46–48) As expected, the 
activities of microsomal SCD, PCE, and POCE were markedly 
increased by the clofibric acid treatment, and the elevated lev-
els observed were similar to those in fat-free diet-fed rats. Of 
particular importance in these results is that the proportions 
of 16:1n-7 and 18:1n-7 did not necessarily reflect the changes 
that occurred in the activities of SCD and/or POCE, despite 
the proportion of 18:1n-9 being markedly higher in the livers 
of clofibric acid-treated rats. Fatty acid oxidation rates in the 
liver were also significantly increased by the clofibric acid 
treatment with the enhanced expression of genes encoding 
enzymes related to fatty acid degradation (CPT1a, MCAD, 
LCAD, VLCAD, lipin 1, PGC1α, ACOX1, ACSL1). Consis-
tent with the up-regulated expression of genes responsible for 
enzymes related to the rates of mitochondrial β-oxidation in 
vitro, the oxidation rates of MUFAs in the liver homogenates 
of clofibric acid-treated rats were markedly greater than those 
in control rats. Moreover, the rate of 16:1n-7 oxidation was ap-
proximately two-fold greater than those of 18:1n-7 and 18:1n-9 
in the liver homogenates of clofibric acid-treated rats. The 
rates of oxidation ex vivo of 16:1n-7, 18:1n-7, and 18:1n-9 in the 
liver slices of clofibric acid-treated rats were also confirmed 
to be elevated. ACSL1 is localized on both the endoplasmic 
reticulum and mitochondria, and partitions its product into 
synthetic and degradative pathways.49) Since ACSL1 forms a 
complex with CPT1a and voltage-dependent anion channels 
on the outer mitochondrial membrane50) and this complex may 
facilitate the transfer of acyl-CoA to CPT1a, the increase ob-
served in the expression of ACSL1 and CPT1a by the clofibric 
acid treatment may facilitate fatty acid degradation by mito-
chondrial β-oxidation (Fig. 6C).

Some of the isoforms of ACSL and GPAT are considered 
to channel fatty acids toward different metabolic pathways, 
such that changes in the expression of the isoforms of GPAT 
and ACSL may affect fatty acid degradation,41–43) and a sig-
nificant portion of fatty acids are initially channeled to TAG 
storage prior to hydrolysis by ATGL and are then degraded 
by β-oxidation.32,44,45) These findings indicate that metabolic 
pathways other than fatty acid oxidation indirectly affect the 
differences noted in the degradation of MUFAs. The pres-
ent study showed that the largest proportions of 16:1n-7 and 
18:1n-9 resided in TAG in the livers of control rats and that 
fatty acid oxidation degraded 16:1n-7 markedly faster than 
18:1n-9 or 18:1n-7. As a result, the proportion of 16:1n-7 was 
significantly low in the livers of control rats (Fig. 6A). The 
present study also showed that fat-free diet feeding up-regu-
lated the expression of Acsl5, Gpat1, and Dgat2 in the liver. 
Up-regulated ACSL5 and GPAT1 may reduce the degradation 
of MUFAs because these two enzymes reside on outer mito-
chondrial membranes,41,49,51,52) channel increasingly generated 
MUFAs toward complex lipids (TAG, phospholipids, DAG, 
CE), and divert them away from CPT1-mediated entry into 
mitochondria.43,52) DGTA2 co-localizes with SCD1 on the 
endoplasmic reticulum, and is primarily responsible for in-
corporating endogenously synthesized MUFAs into TAG.53) 
These findings are consistent with the present results showing 
that most of 16:1n-7 and 18:1n-9, and more than half of 18:1n-7 
resided in TAG in the livers of fat-free diet-fed rats. Collec-
tively, these findings and results demonstrate that this nutri-
tional manipulation markedly induced SCD to produce a large 
amount of 16:1n-7, whereas some 16:1n-7 was converted to 
18:1n-7 by up-regulated POCE; the remainder of 16:1n-7 was 
incorporated into TAG in order to increase the proportions 
and contents of 16:1n-7 in the liver because fatty acid oxida-
tion was not elevated (Fig. 6B). In the livers of clofibric acid-
treated rats, the formation of three MUFAs was increased. 
Most of 16:1n-7 and 18:1n-9 resided in phospholipids and the 
remainder in TAG; most of 18:1n-7 was in phospholipids. The 
treatment with clofibric acid up-regulated the expression of 
Acsl1, Acsl3, Gpat3, Dgat1, and Atgl. These results suggest 
that the clofibric acid treatment enhances the incorporation of 
fatty acids into not only phospholipids, but also TAG in hepa-
tocytes.54–56) Therefore, the synthesis of TAG rich in 16:1n-7 
and 18:1n-9 may be enhanced in the livers of clofibric acid-
treated rats. TAG are then degraded by the induced ATGL to 
produce unesterified 16:1n-7 and 18:1n-9, which are readily 
transferred to mitochondria in which they are converted to 
fatty acyl-CoAs by ACSL1 and are oxidized by the up-regu-
lated mitochondrial β-oxidation system. Thus, not only differ-
ences in the efficiency of mitochondrial β-oxidation, but also 
in esterification into glycerolipids among 16:1n-7, 18:1n-7, and 
18:1n-9 appear to indirectly play some role in regulating the 
MUFA profile in the liver. Collectively, these results reinforce 
the concept that mitochondrial β-oxidation plays a key role in 
the regulation of the MUFA profile in the liver and, in particu-
lar, is crucially involved in maintaining low hepatic levels of 
16:1n-7 (Fig. 6C).

Many lines of evidence from cellular and animal studies 
suggest that 16:1n-7 has biological functions that appear to 
be favorable for avoiding metabolic dysfunctions.6,7,9,57–60) A 
previous study demonstrated that circulating 16:1n-7 derived 
from adipose tissues strongly stimulated muscle insulin activ-



2006� Vol. 39, No. 12 (2016)Biol. Pharm. Bull.

ity and improved hepatic insulin activity in mice.7) Although 
some studies showed that higher blood levels of 16:1n-7 cor-
responded to insulin sensitivity,61) other human subject stud-
ies described relationships between biological functions and 
circulating concentrations of 16:1n-7 that negatively impacted 
on metabolic health.11,12,62–64) Overall, the most persuasive 
explanation appears to be that although 16:1n-7 has biological 
functions, not all of these features are necessarily beneficial 
for human health. Since a previous study suggested the au-
tocrine and paracrine/endocrine characteristics of 16:1n-7,65) 
plasma 16:1n-7 and endogenously formed 16:1n-7 are both the 
most likely to contribute to its biological functions. Moreover, 
a recent study suggested that 18:1n-9 endogenously produced 
in the liver suppressed de novo lipogenesis and fatty acid 
oxidation in white adipose tissues.15) Thus, since it is conceiv-
able that the liver widely distributes MUFAs to extra-hepatic 
tissues through the circulation, it is reasonable to speculate 
that the MUFA profile, particularly the proportion of 16:1n-7, 
within the liver must be efficiently controlled. In this context, 
the present study showed that fatty acid oxidation, particularly 
mitochondrial β-oxidation, preferentially degraded 16:1n-7 and 
also that POCE elongated 16:1n-7 to synthesize 18:1n-7, which 
is pathophysiologically not as active and/or as detrimental as 
16:1n-7, such that the hepatic proportion and content of 16:1n-7 
were maintained at low levels and the mass of 18:1n-7 was 
markedly less than that of 18:1n-9 in the liver.

In conclusion, the present study provided evidence to sup-
port the potential of fatty acid oxidation, in concert with fatty 
acid modifications (desaturation, elongation), playing a key 
role in regulating the MUFA profile in the liver. Fatty acid 
oxidation is likely to be crucially involved in maintaining low 
16:1n-7 levels in the liver.
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